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CHAPTER 1
INTRODUCTION

1.1. Current Energy Economy
The world depends on petroleum fuels for its energy, but petroleum fuels can
cause irreparable damage to the environment. It is the largest source of greenhouse gas,
carbon dioxide (CO2), emissions from human activities.

Cumulative historic CO2

emissions have caused concentration of CO2 in the atmosphere to increase persistently in
the past few decades (1). As of April 2015, the global atmospheric CO2 concentration
was 401.24 parts per million (PPM) according to measurements made at the Mauna Loa
Observatory, and this is significantly greater than the suggested upper safe limit of 350
ppm. As comparison, the global atmospheric CO2 concentration was 398.43 PPM in
April 2014, 315.97 PPM in 1959 and 280 PPM before the industrial revolution of the
1700s (2) (3). While the identification of a viable process to lower the concentration of
CO2 is important, the net future CO2 emissions must be reduced to avoid further
detrimental effects to the global climate system.
Petroleum fuels are non-renewable resources that is rapidly depleting, Cambridge
Energy Research Associate proposed that 95% of global petroleum reserves have already
been found. The estimated worldwide total remaining petroleum reserves in 2011 was
approximately 3740 billion barrels (4), and the worldwide usage rate was 32 billion
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barrels per year (5), only about 120 years’ worth of petroleum fuels is predicted to remain
at the current depletion rate.
1.2 Biofuels
To meet the demand for energy while slowing the growth of petroleum fuel
consumption, there is a growing interest in biofuels as a sustainable alternative form of
energy. Biofuels are substitutes for petroleum fuels and can be used in existing diesel
engines with relatively simple or no modifications (6).

Despite technological

advancements, adoption of biofuels is still very limited. In 2013, only 10% of global
primary energy consumption was from biofuels and close to 60% of that is from
traditional biomass: fuel wood, crop residues, and dry animal dung (5).
The Energy Policy Act of 2005 mandated the volume of renewable fuel mixed in
gasoline sold in the U.S. must be 4 billion gallons in 2006 and gradually increases to 7.5
billion gallons and 1 billion gallons of it must be biomass-based diesel fuel by 2012 (7).
The Energy Independence and Security Act of 2007 further mandated by 2022, a
minimum of 36 billion gallons of renewable fuel should be used in transportation fuel
sold in the U.S. Specifically 21 billion gallons of the 2022 minimum total must be
derived from non-cornstarch products (8).
Biofuels can be derived from biomass in the form of liquid or gas, which can be
used as transportation fuels or heat and electricity generation. Second generation biofuel,
also known as advanced biofuels, are made from sustainably produced non-food biomass
sources, where the land and the water used for biomass production also doesn’t compete
with those used for food crops (5).
2

1.3 Algal Fuel
Microalgae in particular has been focused on as sustainable energy feedstock for
several reasons: (1) it is a renewable resource; (2) it is based on non-food crop resource;
(3) it has higher photosynthesis efficiency than that of terrestrial plants; (4) the utilization
of a wide variety of water sources (fresh, sea, or wastewater); (5) it has the potential to be
carbon neutral, because the CO2 emitted by the combustion of algal biofuel is offset by
the greenhouse gases consumed by photosynthesis process of algae (9).
Major obstacles in using algae for mass production of biofuels are mainly the high
cost of algal biomass cultivation and algal lipid extraction. Algal lipid extraction is
especially problematic because algae are protected by tough cell walls with high elasticity
modulus that require energy intensive extraction techniques to rapture. Algal cell walls
are composed of microfibrillar polysaccharide and proteoglycan constitutes that forms
into a matrix with strong semi-crystalline structures (10). Wet algal biomass also retains
interstitial water, which acts as a lubricant. Chlamydomonas eugametos, a common type
of green algae with average diameter of 16 μm, has cell wall breaking pressure of 1396
PSI. High lipid producing algal species with diameter ranging from 2 to 3 μm would
require significantly higher breaking pressure (11).
1.4 Thesis Objective
The overall objective of this thesis study is to explore and develop a wet algal
lipid extraction technique that is energy efficient, environmentally friendly and produces
reasonable yield.

The data presented in this thesis are intended to be preliminary
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information on the development of a novel wet algal lipid extraction process, to be
corroborated and optimized by further investigation.
1.5 Thesis Organization
Chapter 2 contains a literature review of current algal biomass harvesting, drying
and algal lipid extraction techniques. The methods and materials used in this thesis
research are presented in Chapter 3. Chapter 4 details results of the development of a
novel wet algal lipid extraction technique, comparison with conventional hexane Soxhlet
extraction technique, an economic study, and the purposed mechanism of the wet algal
lipid extraction. Chapter 5 concludes the results of this thesis, while Chapter 6 gives
recommendation for future development and improvement of the wet algal lipid
extraction technique.
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CHAPTER 2
LITERATURE REVIEW

2.1 Microalgae
Biodiesel is usually produced from oleaginous crops such as soybean, rapeseed,
sunflower and palm. In the U.S., soybeans are the dominant biodiesel feedstock. Some
of the challenges for crop based biofuels are the competing uses for crop feedstock and
the competition with other food crops for land and water, causing higher food prices and
deforestation. The competition with other uses cause the price of biodiesel to spike,
which in turn hurts the profitability of crop based biofuel (12).
The world’s energy crisis and food crisis have ignited the interest in using noncrop energy feedstock for making biofuels. Microalgae have the potential to be a good
source for biofuel production, because they are the most efficient biological producer of
oil on the planet. Table 2.1 presents the data showing the oil yield of microalgae
compared to oleaginous crops, it can be seen that the average oil production of
microalgae can reach up to 10 to 20 times higher than the yield obtained from oleaginous
crops (13).
Table 2.2 presents examples of the lipid content of some species of microalgae.
Many species of microalgae have high lipid contents, under optimal growing conditions,
lipid contents can accumulate to reach more than 50% of their dry weight (20).
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Microalgae containing high lipid contents are essential for economical use and efficient
downstream processing of algae biomass; it decreases processing cost per unit biomass.

Table 2.1 Comparison of oil yield of various sources of biodiesel (13)

Source of Biodiesel

Oil yield (L ha-1)

Corn
172
Soybean
446
Canola
1190
Coconut
2689
Palm
5950
Microalgae*
58700
Microalgae**
136900
* 30% oil (by weight) in biomass
** 70% oil (by weight) in biomass

Table 2.2 Comparison of lipid content of various microalgae on dry matter basis (14) (15)

Species
Scenedesmus Obliquus
Scenedesmus Dimorphus
Chlorella Vulgaris
Chlorella Emersonii
Chlorella Protothecoides
Chlorella Sorokiana
Chlorella Minutissima
Dunaliella Bioculata
Dunaliella Salina
Neochloris Oleoabundans
Spirulina Maxima
Nannochloropsis Salina
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Lipids
(% dry weight)
11–22
16–40
14-22
63
23
22
57
8
14-20
35-65
4-9
15-25

The efficiency of algal photosynthesis is also higher than that of many oleaginous
crops, for typical microalgae the photon conversion rate is approximately 3% to 8% while
for typical oleaginous crops it is 0.5% (16). This efficient conversion rate of solar energy
leads to a short growth cycles and significantly greater biomass productivity than that of
oleaginous crops (17) (18). For some species of microalgae, it is possible for the biomass
yield to double within 24 hours (14).

In addition to rapid biomass productivity,

microalgae do not require fertile land for growth and have the ability to be cultivated in
water sources that have few competing usages, such as saline, brackish or wastewater
(19).
The untreated vegetable oil is too viscous to be used in diesel engine. Studies
have shown that the use of untreated vegetable oil causes carbon deposition and shortens
engine life, while the use of transesterified vegetable oil does not have similar negative
effects (20). The most common method of crop-based biodiesel production is shown in
Figure 2.1, the transesterification reaction of vegetable oil with methanol, in the presence
of a catalyst, usually sodium hydroxide, to produce biodiesel, methyl esters, and a
byproduct, glycerol (22).
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Triglyceride

+

Methanol

Glycerol

+

Methyl Esters

Figure 2.1 Transesterification of triglycerides (21)

Figure 2.2 shows a schematic drawing of the units operations involved in the
overall production process of biodiesel from algae. The upstream processes mainly
involve the selection of appropriate algal specie with the desired properties and the
design of an algae cultivation method to maintain the culture conditions at optimum
levels. After a crop of algae has reached a certain concentration, the algal cells are
harvested which is the first operation of the downstream process. For a typical algal lipid
extraction method to be efficient, algal biomass must be harvested and then dehydrated to
a predetermined moisture concentration. Algal harvesting techniques are used to separate
algal biomass from the algal culture solution. Depending on the initial algal biomass
concentration and the harvesting technique used, the harvesting process typically results
in algal biomass slurry with dry algal biomass weight ranging from 5-15% (22). Then the
algae slurry may require dewatering, by methods that are energy intensive, expensive,
and time consuming.

The algal lipid extraction process is the combination of cell

disruption and solvent extraction, where algal cell walls have to be adequately disrupted
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to permit solvent extraction to be efficient. The excess extraction solvent is usually
removed before the transesterification process, which converts raw and viscous algal
lipids to less viscous and low molecular weight fatty acid alkyl esters, known as biodiesel
(21).

Upstream

Downstream

Figure 2.2 Unit operations involved in algal based biofuel production

2.2 Harvesting Techniques
Algae cultures have high water content, which must be separated in order to
produce biofuels. The presence of water with algal biomass inhibits the extraction of
algal lipids (23), and also inhibits the transesterification of algal oils to biodiesel (24).
The processing costs increase significantly when the algal biomass contains more than 10%
water, because the efficiency of algal lipid extraction and transesterification is reduced
(25).
The cultivation of microalgae typically results in algal biomass in dilute
suspension with concentrations of 0.1 - 2 g/L of dry algae, depending on the cultivation
system used (26). Which means a typical algae culture only contains 0.01 - 0.2% dry
9

mass, therefore poses considerable challenges in the efficiency and economics of algal
biofuel productions.
Harvesting and dewatering algae is considered a major bottleneck to biofuels
derived from microalgae due to their extremely small size, suspended in dilute cultures,
and cell density similar to that of the surrounding growth medium (27). Furthermore, the
negative surface charge originated from the metabolic excretion of excess algogenic
organic matter and the dissociation of functional groups associated with cell membrane
surfaces. This causes electrostatic repulsion between algal cells and cell interactions with
the surrounding water contributing to the stability of algae suspended in a dispersed state
(28).
Algae harvesting is the separation of algae biomass from bulk algal culture
solution. Currently there is no single superior method for algae harvesting, several
techniques have been developed which include centrifugation, sedimentation, filtration,
flocculation, and floatation techniques. It has been suggested that 20-30% of the total
algal biodiesel production cost is due to harvesting (21). An efficient algal biomass
harvesting process should be applicable for all algal species, have low energy expenditure,
yield product with a high dry weight percentage, require minimum initial investment in
specialized apparatus and have low maintenance cost (29).
2.2.1 Centrifugation
Centrifugation simulates a high gravitational environment, which involves the use
of centripetal acceleration to rotate cell bodies away from the center of rotation and hence
increase the rate of particle sedimentation. Algae harvesting by centrifugation can be
10

very efficient, when used in a continuous flow centrifuge system 94% of the algal cells
can be removed from the influent algal culture solution at a flow rate of 0.94 L/min.
However, it is very energy intensive to operate at such high efficiencies; the estimated
energy input to achieve 94% cell removal efficiency is 72 MJ/m3 of algal culture solution,
which correlates to approximately $4/L of oil (30).
2.2.2 Sedimentation
Sedimentation is using gravitational force to cause the suspended algal cells to
separate from the culture solution and deposit on the bottom. It is defined by Stokes’
Law, which predicts that sedimentation velocity is proportional to the square of the radius
of the spherical cells and the difference in density between the cells and medium (31).
Given the relatively low algal cell concentrations in algal culture solutions, the small size
of algal cells (5-50 μm in diameter), and cell density similar to that of the surrounding
growth medium (27), algal harvesting by sedimentation is very difficult. It has been
suggested that to achieve a reasonable settling rates for pure sedimentation harvesting,
algal cell concentrations needs to be greater than 3 g/L (32), whereas typical algae culture
solutions can have concentrations anywhere between 0.1 - 2 g/L (26). Sedimentation also
requires long processing time and large volume of space, hence it is not the best method
for algae harvesting.
2.2.3 Filtration
Filtration usually uses a membrane filter to separate algal cells from algal culture
solution. There are wide varieties of filter designs, but membrane filters are usually
classified by the pore size. As membrane pore size decreases, the operational energy
11

required to produce the pressure needed to force algal culture solution through the
membrane filter increases, hence choosing a filter with pore size appropriate for the size
algal species is an important task. The energy cost to produce 6% dry weight of algae has
been estimated at 1.44 MJ/m3 of algae culture solution (33). A major drawback of
filtration for algae harvesting is the fouling of the membrane caused by the deposition of
algal cells; the algal cells form a cake on the membrane filter, which reduces flow rates
and separation efficiency. This requires periodic cleaning with a high pressure washer or
expensive automated scrapper/washing systems (34). It has been suggested that filtration
methods are only suitable for algae with larger cell sizes and inadequate to separate algal
species with diameters of less than 10 μm (35).
2.2.4 Flocculation
Flocculation is a process in which chemicals, called flocculants, are added to algal
culture solution to induce algal cells to join together and from aggregates, called flocs,
which helps in settling (36). Flocculation is often used in conjunction with other algae
harvesting techniques, because flocculation may not be sufficient enough to be used
alone (37).

Although there is no proven relationship between flocculants dosage,

flocculation efficiency and algal species (38), flocculation can be applied to a wide range
of algal species and process high volumes of algal culture (39) (40).
There are two main types of flocculants, inorganic flocculants and polymer
flocculants.

Flocculants can be expensive and caustic, are also often used in high

concentrations, which can cause problems during subsequent downstream processing
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steps.

Depends on the usage of the desired product, some inorganic and polymer

flocculants may not be suitable due to the risk of toxicity (41).
2.2.5 Flotation
Flotation uses small air bubbles to promote suspended small sized algae to float to
the surface of the culture solution and removed as scum. There are different methods of
flotation, but dissolved air flotation is the most studied flotation method for liquid-solid
separation of algae.

Dissolved air flotation works by using an air compressor to

supersaturate water with air in a saturation tank. When the pressurized water flows to a
low pressure vessel, the dissolved air is released from saturation and generates micron
sized bubbles with mean diameter of 40 μm (42). The algal cells attach to the surface of
the bubbles and rise to the surface along with the bubbles. Dissolved air filtration can
achieve up to 99.8% removal of algal biomass from dilute culture solution (43), where
pressurization level ranges from 25 to 80 psi. Pressure is generally applied to a portion of
the flotation tank effluent which is then recycled to the tank influent (44) (45). Dissolved
air filtration is generally considered to be more energy intensive because of the recycled
water pumping and the high air pressure compression demands (46). It is also important
to note that flotation is usually used in combination with flocculants, which increases the
cost (47). Accounting only for the energy needed to compress air with a compressed air
injection engine with 70% efficiency and power rating of 15 HP/3.79 m3 of algal culture
solution, the energy cost is estimated to be 2.08 MJ/m3 of algae culture solution (30).
It can be inferred from above that each algal harvesting techniques has distinct
advantages and disadvantage. It is also important to note that many research studies are
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using different algal harvesting techniques in conjunction with each other to increase
efficiency and improve harvesting method feasibility. It has been suggested that some
harvesting techniques have limited evidence of technical or economic viability (22).
2.3 Dehydration
In addition to harvesting, dehydration may be required prior to algal lipid
extraction. After separation from the algal culture solution, the algal biomass slurry is
susceptible to spoil in only a few hours in a hot climate (48). It has been determined that
20% algal dry weight is the limit for which conventional wet lipid extraction can be
effective (48), while conventional dry algal lipid extraction techniques need dry algae
with less 15% moisture to be efficient. However producing algal biomass with low
moisture content would significantly increase the energy input, which may account for as
much as 75% of the total processing cost (49) (50). The dewatering techniques include
sun drying, spray drying, drum drying, and freeze drying.
2.3.1 Sun drying
Sun drying is the natural evaporation of water accomplished by direct solar
radiation exposure. Since solar radiation is uncontrollable and unpredictable, the process
is highly dependent on the weather. Sun drying is the least expensive algae dehydration
method, but it requires long drying times, large drying surfaces, and the risk of material
loss (51).
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2.3.2 Spray drying
In spray drying the algal biomass slurry is dispersed by an atomizer, to form small
sized droplets, downward into a heated vertical tower with temperature well over the
boiling point of water. The small size of the droplets results in relatively large surface
area, which has the ability to dry very quickly. The hot drying gas, which is usually
blown co-currently with the sprayed algal biomass slurry, comes in contact with the
droplets and removes the moisture content. Drying can be completed within a few
seconds (52). Spray drying is normally reserved for high value products and the high
operating cost associated it with it means it is not economically feasible for low value
products such as algal lipids (53).
2.3.3 Drum drying
In drum drying, the algal biomass slurry is spread onto the surface of a heated
rotating horizontal drum. The algae are heated for a few seconds and then the dried algae
are removed by side blades. The problems with the drum drying are the difficulty in
uniform distribution of the algal biomass, and the cost associated with frequent
sharpening of the blades. Drum drying also requires large amounts of energy at a
relatively low thermal efficiency (52).
2.3.4 Freeze drying
Freeze drying involves freezing the algal biomass slurry first, and then the
pressure is lowered to nearly vacuum. At this pressure, ice goes through sublimation and
is removed from the slurry.

Freeze drying is expensive and slow; it is limited to

laboratory experiments and not suitable for large scale operations (54).
15

2.4. Current Extraction Techniques
As previously mentioned lipid extraction can be performed on either dry algal
biomass with moisture content less than 15% or wet algal biomass with algal dry weight
of at least 20% (49) (50). Most research on algal lipid extractions are currently focused
on wet algal lipid extraction, which eliminates the high energy expenditure for drying the
algal biomass.
The success of algal lipid extraction is mainly determined by the success of
disruption of algal cells. The algal cell wall needs to be disrupted to ensure solvent
contact with intracellular lipid droplets (50).

Algal lipid extraction is therefore

categorized by the method of cell disruption, such as chemical extraction, mechanical
extraction, enzymatic extraction, and ionic liquid extraction.
Each algal lipid extraction methods has its inherent merits and drawbacks, either
the extraction time is long, quantity of solvents required are too large, energy inputs are
high, or not suitable for scale up operation. Most of extraction methods are still being
investigated at the laboratory scale, but solvent extraction seems to the only viable
industrial extraction method at the present time (55).
2.4.1 Chemical extractions
Chemical algal lipid extractions use solvents to simultaneously disrupt cell walls
and extract lipids from algal biomass.

Although the exact mechanism of solvent

extraction is not well understood (52), a mechanism was proposed in 2012. A schematic
diagram of the proposed organic solvent extraction mechanism is shown in Figure 2.3.
Non-polar organic solvent interacts with the algal cell wall and form a static film
16

surrounding the cells. The solvent diffuse through the cell walls into the cytoplasm and
bind to the lipids through van der Waals attractions to form a complex. Driven by the
concentration gradient, the lipid-solvent complexes diffuse out of the cell towards the
bulk organic solvents where they are collected. However, some non-polar lipids form
complexes with polar lipids within the cytoplasm and are bonded to the proteins in the
cell membrane via strong hydrogen bonds.

The weaker van der Waals interaction

between non-polar lipids and non-polar solvents are unable to dissociate these lipid
complexes, therefore polar organic solvents are used to form hydrogen bonds with the
polar lipids to disjoin the lipid-protein associations (56) (57).

Figure 2.3 Schematic drawing of the purposed mechanism of organic solvent extraction
(57) (58).
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Common solvents used for algal lipid extraction include hexane, chloroform,
acetone, and cyclohexane. It is also very popular to use a combination of polar and nonpolar organic solvents to extract both polar and non-polar lipids.
2.4.1.1 Organic solvent extraction
Organic solvent extraction is also known as static organic solvent extraction,
where an organic solvent or a combination of organic solvents is added directly to algal
biomass. The rate of lipid extraction during organic solvent extraction of algal biomass is
limited by lipid concentration gradient between the algal cells and the organic solvent
(57). One of the main drawbacks of static organic solvent extraction is that it requires a
long extraction time. When extracting algal lipids from freeze dried algal biomass, 90%
of the actual lipid yield from the solvent extraction was accomplished within the first 10
hours, and extending the extraction time beyond 10 hours did not result in significant
gains to the total lipid yield (59).
2.4.1.2. Soxhlet extraction
Soxhlet extraction extracts lipid from algal biomass by using a Soxhlet extractor
to achieve repeated washing of algal cells with an organic solvent under reflux. A
Soxhlet extractor has five main components: a glass thimble with fritted disc bottom that
holds the algal biomass, a container that holds of the solvent, a heater that boils the
solvent, a reflux condenser that collects solvent to the thimble, and a siphon mechanism
that periodically empties the thimble. During each cycle, solvent extracts a portion of the
algal lipid. The Soxhlet extractor significantly improves mass transfer kinetics, hence
shortens the extraction duration while at the same time increases the final total lipid yield
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(60). The optimum extraction time was determined to be approximately 3 hours for
various solvents tested (61).
2.4.1.3. Supercritical fluid extraction
Supercritical fluid extraction involves using a chemical that exhibits properties of
both liquid and gas under exposure of increased temperatures and pressures as the
extraction solvent. CO2 is the most common supercritical fluid used, although sometimes
it is modified by a co-solvent such as ethanol or methanol (62). When CO2 is above its
critical temperature and critical pressure, it becomes a supercritical fluid. Its properties
are midway between the typical gas and liquid state, where it expands to fill its container
like a gas but with a density like that of a liquid. The temperature and the pressure used
in the extraction can be manipulated to change the solvation characteristics of the
supercritical CO2, hence change the extraction selectivity. CO2 has a critical point of
31oC at 1071 psi, but for algal lipid extraction, a temperature of 40oC and pressure of
5000 to 9000 psi is typically used for complete miscibility of CO2 and algal lipid. When
supercritical CO2 comes in contact with algal biomass, it extracts and dissolves the algal
lipid. When the mixture is depressurized, CO2 loses its solvating power causing the algal
lipid to precipitate. The typically extraction time is between 30 to 60 minutes (63) (64)
(65).
2.4.2. Mechanical extraction
Mechanical extractions, when used alone, are less likely to cause contamination to
the lipid product from external sources and preserve the chemical integrity of the lipids.
However, solvent extraction methods can extract more than 99% of all algal lipids, while
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mechanical extractions can leave approximately 6% to 14% of lipids behind in the algal
biomass debris (66).
2.4.2.1 Expeller pressing
Expeller pressing involves using a machine and expeller press that generates
friction and continuous pressure from screw drives to move and mechanically compress
the algal biomass and releases the lipid content. Expeller pressing generally requires dry
algae, which is energy intensive (53). The efficiency of an expeller press is low and
requires the use of organic solvent extraction in conjunction to be able to achieve 70%
extraction efficiency (52).
2.4.2.2. Homogenization
Homogenization involves using pumps to force the algal biomass slurry through a
nozzle creating a rapid pressure change as well as high liquid shear that ruptures algal
cell walls (67). The degree of rupture depends on the pressure applied and the strength of
algal cell walls; although it has been shown that it is difficult to achieve high rates of
algal cell wall destruction even when using a high shear homogenization system (68).
Adequate cell rupture may require multiple passes through the nozzle when a
homogenizer producing 10,000 psi was used with high utility cost and expensive high
pressure equipment (69).
2.4.2.3. Bead milling
Bead milling involves placing algal biomass slurry in a vessel filled with small
beads, which is then vigorously agitated by the rotation of the vessel. Disruption of algal
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cells occurs as the beads grind and collide rapidly with the cells.

The degree of

disruption mostly depends on algal cell density, bead filling, agitator speed, the size,
shape and density of the beads, and the strength of the cell wall (70). Although high rate
of cell disruption is possible with bead milling, it requires high stirring speed and hence
high energy input. It has been shown that less than 1% of the energy introduced by
stirring was used for cell disruption, and the rest generated convective heat (71).
2.4.2.4. Ultrasonic extraction
Ultrasonic extraction involves using ultrasonic waves to generate microbubbles in
algal biomass slurry.

The microbubbles grow and collapse violently creating a

phenomenon called cavitation. The implosion creates shock waves and liquid jets with
powerful energy to disrupt cell walls and release intracellular contents into the bulk liquid
(72). Ultrasound extraction is generally used to assist other algal lipid extraction methods
to improve extraction of oil, when used as a standalone extraction method, it results in
poor algal lipid recovery (73) (74).
2.4.3. Osmotic shock
Osmotic shock involves using solute concentration gradient to create sudden
movement of water across the algal cell membrane. The solute used is typically salt, but
substrates and neutral polymers can also be used. The stress from the rapid movement of
water causes algal cells to rupture, releasing the intracellular components. Osmotic shock
requires long extraction time which depending on the algal specie can range from 24 to
96 hours to achieve similar extraction efficiency similar to other extraction methods (52)
(75).
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2.4.4. Enzymatic extraction
Enzymatic extraction is usually used in conjunction with organic solvent
extraction and involves using enzymes to facilitate the hydrolytic degradation of algal
cell walls to release intracellular lipid into the bulk organic solvent. After enzymatic
hydrolysis, the lipid yield by the organic solvent extraction increased up to 1.73 times
higher than that from the organic solvent extraction alone, although this yield was
achieved after 72 hours of treatment (76). Enzymatic extraction is cost prohibitive; cell
lysing enzymes are costly to produce and usually cannot be recovered and recycled after
use (77).
2.4.5. Ionic liquid extraction
Ionic liquids extraction involves using hydrophilic ionic liquids to hydrolyze algal
cell wall to release intracellular lipids, where the ionic liquids are typically organic salts
that melt below 100oC. Ionic liquids are non-volatile, thermally stable, and can be easily
modified, but they are also expensive to synthesize. The extractions are typically carried
out at 65 to 140oC, while the extraction duration ranges from 15 minutes to 18 hours (78).
Although only a few studies have performed ionic liquid extraction on microalgae, this
method appears one of the better methods for algal lipid extraction (66).
2.4.6 Single step extraction process by Originoil Inc.
The single step extraction process developed by Originoil, inc. involves using a
process called quantum fracturing, where algae entering the extraction tank as an algae
and water suspension without any initial dewatering. The algal suspension is subjected to
pulsed electromagnetic fields generated by low voltage powered electrodes and pH
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modification by CO2, which causes algal cells to release intracellular components. After
quantum fracturing, the processed culture enters a gravity clarifier where it separates into
layers of oil, water and algal biomass. This single step extraction method can extract 97%
of the lipids contained in algal cells (66) (79). Originoil claims that the single step
extraction method uses less energy than traditional extraction processes, although there
appears to be no information published on energy consumption and other extraction
parameters.
It can be inferred from the literature research that lipid extraction from algae is
still a huge challenge for algal biofuel production. The processes are either overly energy
intensive or require expensive equipment, most possible viable processes are still limited
to small scale trials.

An algal lipid extraction method with low energy cost and initial

capital investment requirements that it be easily scalable as needed.
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CHAPTER 3
MATERIALS AND METHODS

This section presents the specie of algae, chemicals, equipment, algal lipid
extraction and algal lipid analytical methods used in this thesis research.
3.1 Algae
Microalgae used in the present study, Nannochloropsis Salina, were provided by
Dr. Kimberly Ogden, engineering technical lead for the National Alliance for Advanced
Biofuels and Bioproducts at The University of Arizona, Tucson, Arizona. The algal
biomass cultures were pre-concentrated and stored frozen at -10oC until just before to the
extraction experiments.

According to Dr. Ogden freezing of the algae causes no

structural damage, it only slows the metabolic rate of algae and they can be revived by
simply thawing at room temperature.
3.2 Chemicals
The following chemicals used in this study were purchased form Sigma Aldrich:
acetone (>99.5%, A.C.S. reagent), methanol (>99.9%, A.C.S. spectrophotometric grade),
diethyl ether (A.C.S. reagent, anhydrous, >99.0%, contains BHT as inhibitor), hexane
(>97%, GC), and sodium dodecylbenzenesulfonate (technical grade) and were used as
received.

Ethyl acetate (certified A.C.S.), formaldehyde solution (Formalin, ACS

reagents, 37% in H2O, 10-15% methanol as stabilizer) and 1-butanol (certified A.C.S.)
were purchased from Fisher Scientific) and were also used as received. Zero Air (20.9%
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O2 +/- 1%, 3 ppm H2O, 0.2 ppm THC, 1 ppm CO + CO2), 100% argon, and 100% carbon
dioxide (CO2) were purchased from Airgas. Food grade citric acid was purchased from
Earth Fare. Extra virgin olive oil (Kirkland) was purchased from Costco Wholesale.
3.3 Water Filtration System
Unless otherwise noted, all water used in this study is tap water filtered once
using Thermo Scientific Barnstead Bantam deionizer model D0800 with Barnstead water
purification cartridge model D0803 (two bed ion exchange resin, 1760 grain high
capacity).
3.4 Pressurization system
All gases are commercial grade with >99% purity and obtained from Airgas
Products. The gas cylinders were fitted with the appropriate pressure regulator that was
then connected to a high pressure stainless steel braided Teflon sampling hose with a
Swagelok 316 female quick disconnect and a globe valve to release pressure from the
system. A photograph of the CO2 gas cylinder with additional assemble fittings is shown
in Figure 3.1.
Ten customized pressurization cylinders were prepared from 10ml Nupro 316 gas
sampling cylinders welded to high pressure stainless steel tubing. A Swagelok 316 male
quick disconnect was connected to this tubing to form the pressurization cylinders. A
photograph of one of these pressurization cylinders is shown in Figure 3.2.
For pressurized experiments, a sample of algal solution was first placed in the
pressurization cylinder and sealed.

After pressurization, the cylinder pressure was
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rapidly released by pressing the charging pin of the male quick disconnect while
contained within the sample recovery system. To collect the rapidly expanding liquid, a
50 mL polypropylene beaker with modified spout and a 100 mL polypropylene beaker
were used to contain the pressurized bomb. All algal solution released by the outgoing
CO2 were captured by the plastic beakers, ensuring accurate data. Both polypropylene
beakers were purchased from Fisher Scientific. Photographs of these beakers and their
use in the pressure release system are shown in Figure 3.3 (a), (b), and (c) respectively.

Figure 3.1 CO2 gas cylinder set up with female quick disconnect
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Figure 3.2 A pressurization cylinder with male quick disconnect

(a)

(b)

(c)

Figure 3.3 (a) 50 mL polypropylene beaker with modified spout, (b) 100 mL
polypropylene beaker, and (c) pressure release and recovery system
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3.5 Initial wet algal lipid extraction
The pre-concentrated algae was diluted in a separate container and store frozen at
-10oC until just prior to the extraction process. Chemicals were mixed with 3 mL of
dilute algal solution in glass vials and vigorously shaken for 15 seconds to achieve even
distribution. The foam formed during mixing was allowed to settle for 1 minute and then
the mixture was transferred to a gas sampling bomb. The bomb containing the mixture
was pressurized and then released after a predetermined set amount of time as discussed
above.
3.6 ASAPALLE Extraction procedure
The Acid, Surfactant, and Pressure Assisted Liquid-Liquid Extraction
(ASAPALLE) were all performed at room temperature.

The pre-concentrated algal

biomass was diluted to simulate concentration close to that of typical algal solution in
their natural growing environment. 5 mL of dilute algal solution was placed in a glass
vial and mixed with both citric acid, to lower the pH value to 6, and 1% (w/w) sodium
dodecylbenzenesulfonate. The mixing was accomplished by vigorously shaking the glass
vial until all chemicals dissolved in water, which typically required approximately 15
seconds. The mixture was then transferred to a gas sampling bomb and pressurized with
100% CO2 gas to 100 psig. The pressure was released after 5 seconds and the mixture
transferred into the pressure release system. After gas bubbles subdued, the mixture was
transferred into a glass vial and then mixed with 2 mL of ethyl acetate. The organic
solvent was allowed to come to equilibrium with the aqueous layer by vigorously shaking
the mixture for 15 seconds with periodic release of excess pressure. After mixing, the
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organic layer was allowed to separate from the liquid layer. The separation was achieved
by centrifuge the mixture for 15 minutes. The organic layer containing the solvent and
algal lipids was on the top of the aqueous layer, which contained algal debris.
3.7 Centrifuge
IEC Spinette centrifuge with rotating speed of 3300 RPM was used to accelerate
the rate of phase separation and facilitate more accurate gravimetric analysis of the algal
lipid extracts.
3.8 Microscope System
Hirox Hi-Scope KH-2200 Video Microscope system, pictured in Figure 3.4, was
used to examine algae and capture images. This microscope system combines optical
microscopy and camera to permit direct observation of magnified sample images on the
video monitor. The microscope lens was a Hirox MX-2000C, which has magnification
of 2000x. The microscope system is also interfaced to a computer with video editing
software Pinnacle Studio version 14 capable of capturing images from the microscope
lens.
The recovered algae sample was diluted with water and placed on microscope
slides before observation to reduce aggregation of cells and facilitate the distinction
between individual cells. Figure 3.5 depicts the difference between undiluted and diluted
sample observed under microscope.

Clearly, the diluted sample permits automated

measurements of individual cells.
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Figure 3.4 Hirox hi-scope video microscope system
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(a)

(b)
Figures 3.5 Comparison of algae samples (a) undiluted, (b) diluted
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3.9 Soxhlet extraction
The pre-concentrated algae were dried on a hot plate at 60oC for 18 hours and
then 105oC for 1 hour. A glass thimble was first weighed without the dry algae, and then
1 g of ground dry algae was added to the extraction thimble and placed in the Soxhlet
apparatus. The dry algal biomass was extracted with 300 mL of hexane for 18 hours.
The extraction temperature in the thimble was approximately the boiling point of hexane,
68oC. After the extraction was complete, hexane was removed and recovered using
rotary vacuum evaporation. The algal lipid extract was then heated on a hot plate at
105oC for 1 hour, after which the recovered weight was measured and recorded.
3.10 Total lipid content
Total lipids (polar, neutral, and nonpolar) were estimated by a modified BlighDyer procedure (80). Hot plate dried algae were grounded into a fine powder and
extracted with a mixture of methanol:chloroform:water (10:5:4, v/v/v). After 10 hours of
shaker mixing at room temperature, solvent ratios were adjusted to 10:10:9, v/v/v. The
chloroform phase was washed with water and then transferred to a pre-weighed glass vial.
The extracts were heated on a hot plate at 60oC for 18 hours and then 105oC for 1 hour
before measuring the total lipid weight.
3.11 TLC visualization
Silica gel TLC plates on aluminum foils (4 cm x 8 cm) with fluorescent indicator
254 nm were purchases from Sigma Aldrich. Two solvent system were used to develop
neutral lipids on TLC plates, hexane/diethyl ether/acetic acid (70/30/1, v/v/v) and
chloroform/hexane/methanol (80/60/10, v/v/v). The solvent mixture was added to the
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TLC reservoir 1 hour before development of the plate to allow solvent vapors to saturate
the air inside the reservoir. The algal lipid extracts were spotted 1.5 cm. above the
bottom of the TLC plate, and then placed inside the TLC reservoir where the solvent
level is below the spotted lipid extracts. As the solvent moves up the TLC plates via
capillary action, different components of the algal lipid separate at different rates
depending on its interaction with the silica gel. When the solvent front developed to
approximately 1 cm from top of the plate, the plate was removed from the reservoir and
air dried under the hood. The TLC plate was viewed with ultra-violet light first, and then
iodine was used to stain the TLC plates for documentation purposes. The retention factor
(Rf) was calculated from equation (1):

𝑹𝒇 =

𝑴𝒊𝒈𝒓𝒂𝒕𝒊𝒐𝒏 𝒅𝒊𝒔𝒕𝒂𝒏𝒄𝒆 𝒐𝒇 𝒕𝒉𝒆 𝒔𝒑𝒐𝒕
𝑴𝒊𝒈𝒓𝒂𝒕𝒊𝒐𝒏 𝒅𝒊𝒔𝒕𝒂𝒏𝒄𝒆 𝒐𝒇 𝒕𝒉𝒆 𝒔𝒐𝒍𝒗𝒆𝒏𝒕

(1)

3.12 Gravimetric analysis
Gravimetric analysis was used to determine the algal biomass concentration in
bulk culture solution and the total algal lipid extracted. The bulk diluted algal solution
used for the ASAPALLE extraction was well shaken, and then 5 mL of algal solution was
taken from the bulk and transferred into a pre-weighed glass vial. The glass vial was then
centrifuged for 20 minutes, the supernatant discarded. The algae pellet was dried on a
hot plate at 60oC for 18 hours and then 105oC for 1 hour. The weight of total algal
biomass before extraction was measured and recorded.
After ASAPALLE extraction, the mixture solution was placed in a glass vial and
centrifuged for 20 minutes, which produced an organic layer containing extracted algal
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lipids and an aqueous layer containing algal biomass at the bottom of the vial. After 1
mL of the organic phase was transferred to a pre-weighed glass vial, the remaining
organic phase was diluted with additional 1 mL of ethyl acetate without disturbing the
aqueous-organic interface. 1 mL of the diluted organic phase was then transferred to the
pre-weighted glass vial from the previous step.

The remaining organic phase was

discarded, because there was algal debris that did not precipitate even after extended
centrifuge, and was present between the aqueous-organic interface. While this method
underestimates the mass of algal lipid extracted, the data obtained from this method was
very precise with excellent repeatability. The transferred organic mixture was dried on a
hot plate at 60oC for 18 hours and then 105oC for 1 hour.

After all liquids have

completely evaporated; the vials containing the remaining residue, which were citric acid
and SDS that migrated into the organic layer, and the extracted lipids, were weighed.
To determine the amount of acid and SDS present in the organic layer after the
extraction, ASAPALLE extraction was performed under the same conditions but on citric
acid and SDS dissolved in water instead of diluted algal solution, the organic layer was
transferred in the same matter as before into a pre-weighed glass vial. After liquids have
evaporated, the remaining acid and SDS residue was weighed. The mass of total algal
lipid extracted was calculated using equation (2), and the percentage of algal lipid yield
was calculated using equation (3):
𝑴𝒂𝒔𝒔 𝒐𝒇 𝒂𝒍𝒈𝒂𝒍 𝒍𝒊𝒑𝒊𝒅 𝒚𝒊𝒆𝒍𝒅 = 𝒎𝟏 − 𝒎𝟐
𝑷𝒆𝒓𝒄𝒆𝒏𝒕 𝒐𝒇 𝒂𝒍𝒈𝒂𝒍 𝒍𝒊𝒑𝒊𝒅 𝒚𝒊𝒆𝒍𝒅 =

Where:
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𝒎𝟏−𝒎𝟐
𝒎𝟑

𝒙𝟏𝟎𝟎

(2)

(3)

m1 is the mass in grams of total algal extract
m2 is the mass in grams of acid and SDS residue in the organic layer
m3 is the mass in grams of dry algal biomass before extraction.
All experiments were performed in triplicates, unless otherwise noted, the results
given in chapter 4 are from experiments performed exactly as described in this chapter.
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CHAPTER 4
RESULTS AND DISCUSSION

This section presents results and analysis for the preliminary pressure assisted
extraction and the subsequent novel wet algal lipid extraction process.
4.1. Development of wet algal lipid extraction
A simple low pressure based wet algal lipid extraction technique was purposed as
the initial experiment to be studied for this thesis. The eventual wet algal lipid extraction
process, the ASAPALLE extraction, was derived from the adjustments made to the initial
experimental extraction technique.
4.1.1 Solvent and pressure assisted extractions
It has been reported that certain species of algae have permeability of at least 42.3
kDa (81). Therefore, it was proposed to use pressure and low molecular weight solvents
with viscosity lower than that of water to facilitate low pressure wet algal lipid extraction.
The concept is that pressure applied to algal biomass solution would force the
intracellular liquid content to diffuse out and gas pressure forced into of algal cells.
When the pressure is released, the liquid content in the bulk mixture would rash back into
the algal cells. However, the solvent with the lower viscosity enters the algal cells more
quickly, either the algal cells swell and the high internal pressure causes the algal cell
wall to rapture or the stress from the rapid movement of low viscosity solvent causes
algal cell wall disruption, therefore releasing the intracellular components.
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Argon was used as the gas to pressurize the system because it is easily obtainable
and inexpensive to purchase. Pressurized extraction was initially used without solvents,
but no cell disruption was observed under the microscope. Then Fluorinert FC-72,
methanol, and formalin were added to an algal solution sample in 1:2 (v/v) ratio as the
extraction solvent, respectively.

Each extraction experiment used three different

durations of pressurization, 1 minute, 1 hour and 15 hours, respectively. Pressurization
was kept low to save energy when considering process scale-up and keep the initial cost
of equipment down. No algal cell disruption was observed for extraction performed
under Argon with solvent to algal solution of 1:2 (v/v), therefore the ratio was increased
to 2:1 (v/v) but still no cell disruption was observed. Table 4.1 summarizes the extraction
conditions and results.
CO2 have been used in the literature for the extraction of lipids from algal cells,
usually as a solvent and pressurized to supercritical conditions (62). Algae also consume
CO2 for cell growth and lipid production; therefore, it could be possible to utilize algae’s
affinity for CO2 to disrupt algal cell walls. Humans need oxygen to survive; air contains
approximately 21% of oxygen, but when a person breathes in 100 percent oxygen under
high pressure, acute oxygen poisoning can occur where excessive oxygen can build up in
body tissues and causes cell damage and possibly death (82).
Air only contains 0.039% of carbon dioxide, so it could be possible to damage
algal cell wall by feeding algae CO2 at high concentration and high pressure. Zero Air (1
ppm CO and CO2) and 100% CO2 were used, respectively, as the pressurization gas to
repeat previous extraction processes, but no algal cell disruption were observed. Table
4.2 summarizes the results of extraction results with zero air and CO2.
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Table 4.1 Solvent and pressure assisted extraction results with Argon

Solvents

Solvent to
algal
solution
ratio (v/v)

Pressure
(psig)

Time
under
pressure
(h)

Gas

Microscopic
observation

None

----

150

0.08

Argon

No cell disruption

None

----

150

1

Argon

No cell disruption

None

----

150

15

Argon

No cell disruption

None

----

300

0.08

Argon

No cell disruption

None

----

300

1

Argon

No cell disruption

None

----

300

15

Argon

No cell disruption

FC-72

1:2

300

0.08

Argon

No cell disruption

FC-72

1:2

300

1

Argon

No cell disruption

FC-72

1:2

300

15

Argon

No cell disruption

Methanol

1:2

300

0.08

Argon

No cell disruption

Methanol

1:2

300

1

Argon

No cell disruption

Methanol

1:2

300

15

Argon

No cell disruption

Formalin

1:2

300

0.08

Argon

No cell disruption

Formalin

1:2

300

1

Argon

No cell disruption

Formalin

1:2

300

15

Argon

No cell disruption

FC-72

2:1

300

0.08

Argon

No cell disruption

FC-72

2:1

300

1

Argon

No cell disruption

FC-72

2:1

300

15

Argon

No cell disruption

Methanol

2:1

300

0.08

Argon

No cell disruption

Methanol

2:1

300

1

Argon

No cell disruption

Methanol

2:1

300

15

Argon

No cell disruption

Formalin

2:1

300

0.08

Argon

No cell disruption

Formalin

2:1

300

1

Argon

No cell disruption

Formalin

2:1

300

15

Argon

No cell disruption
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Table 4.2 Solvent and pressure assisted extraction results with Zero Air and CO2

Solvents

Solvent to
algal
solution
ratio (v/v)

Pressure
(psig)

Time
under
pressure
(h)

Gas

Microscopic
observation

None

----

200

0.08

Zero air

No cell disruption

None

----

200

1

Zero air

No cell disruption

None

----

200

15

Zero air

No cell disruption

FC-72

2:1

200

0.08

Zero air

No cell disruption

FC-72

2:1

200

1

Zero air

No cell disruption

FC-72

2:1

200

15

Zero air

No cell disruption

Methanol

2:1

200

0.08

Zero air

No cell disruption

Methanol

2:1

200

1

Zero air

No cell disruption

Methanol

2:1

200

15

Zero air

No cell disruption

Formalin

2:1

200

0.08

Zero air

No cell disruption

Formalin

2:1

200

1

Zero air

No cell disruption

Formalin

2:1

200

15

Zero air

No cell disruption

None

----

120

0.08

CO2

No cell disruption

None

----

120

1

CO2

No cell disruption

None

----

120

15

CO2

No cell disruption

FC-72

2:1

120

0.08

CO2

No cell disruption

FC-72

2:1

120

1

CO2

No cell disruption

FC-72

2:1

120

15

CO2

No cell disruption

Methanol

2:1

120

0.08

CO2

No cell disruption

Methanol

2:1

120

1

CO2

No cell disruption

Methanol

2:1

120

15

CO2

No cell disruption

Formalin

2:1

120

0.08

CO2

No cell disruption

Formalin

2:1

120

1

CO2

No cell disruption

Formalin

2:1

120

15

CO2

No cell disruption
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4.1.2. Dish detergent and pressure assisted extraction
There are two widely accepted basic mechanisms for algal lipid extraction: (1) the
diffusion of lipids across the cell wall when algal biomass is suspended in a solvent
system with higher selectivity and solubility for lipids and (2) disruption of algal cell wall
leading to release of intracellular lipids into the solvent. Hence, the vast majority of
current research on algal lipid extraction focuses on either improving the selectivity and
solubility of the solvent system or increasing cell wall disruption.
Algal biomass is surrounded by water, lipids and other intracellular contents that
are hydrophobic. Therefore, it was hypothesized that a shuttling agent could be used to
penetrate the algal cells to extract the lipids content. Surfactants contain both hydrophilic
groups, which are readily soluble in water, and hydrophobic groups (83), which can
extend out of the water phase into algal cell wall to extract lipids. Ajax and Palmolive
Ultra Antibacterial Dishwashing Liquid Detergents were used as the shuttling agents with
Argon, Zero Air, and CO2, respectively. Results are shown in Table 4.3, while extraction
with Argon and Zero Air pressurization did not create cell disruption, extraction with
CO2 produced unusual results that warranted further investigation.
Microscopic observation of algal cells after extraction with dishwashing liquid
and CO2 at 120 psig showed that the algal cells had increased in size when compared to
algal cells before the extraction. The images of the microscopic observation can be seen
in Figure 4.1; the size of algal cells after extraction were 5-6 μm, which is larger than the
typical size, 3.7-4.5 μm, of Nannochloropsis Salina. This demonstrated that cell intrusion
and disruption were successful.
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Table 4.3 Extraction results of Ajax Antibacterial Dishwashing Liquid (Ajax1) and
Palmolive Ultra Antibacterial Dishwashing Liquid (Palmolive1) with argon, zero air, and
CO2

Solvents

Solvent to
algal
solution
ratio (v/v)

Pressure
(psig)

Time
under
pressure
(h)

Gas

Microscopic
observation

Ajax1

1:5

300

0.08

Argon

No cell disruption

Ajax1

1:5

300

1

Argon

No cell disruption

Ajax1

1:5

300

15

Argon

No cell disruption

Palmolive1

1:5

300

0.08

Argon

No cell disruption

Palmolive1

1:5

300

1

Argon

No cell disruption

Palmolive1

1:5

300

15

Argon

No cell disruption

Ajax1

1:5

200

0.08

Zero air

No cell disruption

Ajax1

1:5

200

1

Zero air

No cell disruption

Ajax1

1:5

200

15

Zero air

No cell disruption

Palmolive1

1:5

200

0.08

Zero air

No cell disruption

Palmolive1

1:5

200

1

Zero air

No cell disruption

Palmolive1

1:5

200

15

Zero air

No cell disruption

Ajax1

1:5

120

0.08

CO2

Possible cell disruption

Ajax1

1:5

120

1

CO2

Possible cell disruption

Ajax1

1:5

120

15

CO2

Possible cell disruption

Palmolive1

1:5

120

0.08

CO2

Possible cell disruption

Palmolive1

1:5

120

1

CO2

Possible cell disruption

Palmolive1

1:5

120

15

CO2

Possible cell disruption
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(a)

(b)
Figure 4.1 Comparison of Algal Cell Size (a) 3.7-4.5 μm Before Extraction and (b) 5-6
μm After Extraction with Ajax Antibacterial Dish Liquid and CO2 at 120 psig
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1% v/v olive oil, 10% v/v Ajax antibacterial dishwashing liquid in water was
observed under microscope to compare observations in Figure 4.1. As shown in Figure
4.2, olive oil droplets in soapy water have distinctively different color from that of algal
cells. Therefore, it was concluded that no lipids were extracted by the dishwashing
liquids but the algal cell walls could be disrupted and allowed surfactant to disrupt cell
wall chemistry to permit CO2 and water penetration causing algae to increase in size.

Figure 4.2 Microscopic image of 1% v/v olive oil, 10% v/v Ajax antibacterial
dishwashing liquid in dilute algae solution.

43

4.1.3 Organic solvent lipid extraction from aqueous phase
Under the assumption that the algal cell walls were disrupted by the dishwashing
liquids and pressurized CO2, a method has to be devised to extract lipids from inside the
algal cells via a surfactant as the facilitator.

Thus, the capabilities of liquid-liquid

extraction using an organic solvent with a surfactant to extract the algal lipids were
examined.
Algal lipids can be categorized into two main classes based on their chemical
characteristics: polar and nonpolar (neutral) lipids.

Neutral lipids include the

triglycerides, diglycerides and monoglycerides. Polar lipids include phospholipids, free
fatty acids, and glycerol. Triglycerides are the most useful precursors for biodiesel
production (22).

Therefore, the polarity of the selected organic solvent has to be

carefully considered to selectively target the desirable neutral lipids. The ideal organic
solvent for this process should be non-polar, have low solubility in water and a low
boiling point.
After dilute algal solution was mixed with Ajax antibacterial dishwashing liquid
and pressurized with CO2 gas at 120 psig, various organic solvents were used in liquidliquid extraction to extract algal lipids with the experimental results shown in Table 4.4.
Judging by the chromatic hue of the organic layer after liquid-liquid extraction, most of
solvents did not extract lipids from the algal cells, except for diethyl ether and ethyl
acetate, which produced green organic layers.
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Table 4.4 Liquid-liquid extraction results using various organic solvents (84)

Organic solvents

Polarity
index

Boiling
points
(oC)

Solubility
in water
(%w/w)

Liquid-liquid
extraction results

Acetic Acid

6.2

118

100

No organic layer

Acetone

5.1

56

100

No organic layer

n-Butanol

4.0

125

0.43

Clear organic layer

Chloroform

4.1

61

0.815

Clear organic layer

Cyclohexane

0.2

81

0.01

Clear organic layer

1,2 Dichloroethane

3.5

84

0.81

Clear organic layer

Dichloromethane

3.1

41

1.6

Clear organic layer

Ethanol

5.2

78

100

No organic layer

Ethyl Acetate

4.4

77

8.7

Green organic layer

Diethyl Ether

2.8

35

6.89

Green organic layer

Hexane

0.0

69

0.001

Clear organic layer

Methanol

5.1

65

100

Clear organic layer

Pentane

0.0

36

0.004

Clear organic layer

n-Propanol

4.0

97

100

No organic layer

Figure 4.3 shows a comparison of an unsuccessful and a successful attempt of
organic solvent liquid-liquid extraction of algal lipids from the aqueous phase. Hexane
was determined to be unsuccessful, since the organic layer was mostly clear, the
cloudiness subdued a few hours after extraction. Diethyl ether extraction produced an
organic layer with green color, which was presumed to be an indication of successful
algal phospholipid extraction hence possible successful algal lipid extraction.
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(a)

(b)

Figure 4.3 Comparison of liquid-liquid extraction using (a) hexane and (b) diethyl ether

Ethyl acetate is less toxic and more environmental friendly than diethyl ether;
hence it was used to perform all subsequent liquid-liquid extraction experiments in this
thesis. To further process algal lipids into biodiesel, ethyl acetate can be evaporated
before transesterification, although it has been reported that algal lipid transesterification
can be performed with ethyl acetate instead of the common solvent of choice, methanol
(85). It has been reported that when 10% water is present in a triglyceride sample, the
effectiveness of transesterification of triglyceride remains unchanged, but the
effectiveness decreases significantly when the concentration of water increased to 20%
and 30% (86). The solubility of water in ethyl acetate is only 3.3% at 20oC (87),
therefore, if ethyl acetate is used in transesterification without evaporation after algal
lipid extraction it should not hinder the reaction process.

46

4.2. Refining the dishwashing liquid assisted algal lipid extraction
The ingredients of Ajax antibacterial dishwashing liquid and Palmolive Ultra
antibacterial dishwashing liquid were studied, and the possible active ingredients in algal
lipid extraction were identified and examined. Ajax antibacterial dishwashing liquid and
Palmolive Ultra antibacterial dishwashing liquid both contained the surfactant sodium
dodecylbenzenesulfonate (SDS) an antibacterial ingredient, triclosan and l-lactic acid,
respectively, which are both ingredients that might contribute to algal cell disruption.
The ingredients and their purpose of Palmolive Ultra antibacterial dishwashing liquid is
listed in table 4.5.

Table 4.5 Ingredients of Palmolive Ultra antibacterial dish liquid (88)

Ingredients

Purpose

Water

Consistency

Sodium laureth sulfate

Cleaning and foaming agent

Lauramidopropyl betaine

Cleaning and foaming agent

Sodium dodecylbenzenesulfonate

Cleaning and foaming agent

SD 3A alcohol

Controls thickness and clarity

Lactic acid

Antibacterial agent

Sodium xylene sulfonate

Controls thickness and clarity

Fragrance

Pleasant scent

Tetrasodium EDTA

Maintains product stability

Dyes

Color

47

The possible active ingredients in algal lipid extraction were examined and the
effectiveness of the algal lipid extractions were determined by the chromatic hue of the
organic layer, the results are shown in Table 4.6. 10% (w/w) of SDS in water when used
alone did not extract lipids from algal cells. Water was only able to dissolve 20% (w/w)
of SDS, commercial dishwashing liquids use hydrotropes to improve the solubility of
SDS in Water (89).

5% (w/w) of Urea was dissolved in water to increase the

concentration of SDS to 30%, but the increase in concentration did not change the
extraction outcome. Antibacterial agents inhibit bacterium cell wall synthesis and cause
the cell wall to weaken (90); the effects of antibacterial agents, triclosan and L-lactic acid,
on algal cell walls were studied. Triclosan has solubility of 10 mg/L in water at 20oC; to
increase its solubility in water it was dissolved in ethanol first and then mixed with algae
solution (91). 20% (w/w) of SDS, 1% (w/w) of ethanol and 0.1%, 0.5% and 1% (w/w) of
triclosan, respectively, were examined, but showed no sign of lipid extraction. Lipid
extractions with 2% and 5% L-lactic acid were also unsuccessful, therefore it was
concluded that antibacterial agents do not weaken the algal cell wall.
Since the common ingredients found in Ajax antibacterial dishwashing liquid and
Palmolive Ultra antibacterial dishwashing liquid were unsuccessful in algal lipid
extraction, additional cleaning liquids that contained surfactants were obtained to perform
algal lipid extractions to determine the active ingredients in algal lipid extraction with the
results are shown in Table 4.7
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Table 4.6 Sodium dodecylbenzenesulfonate (SDS) and antibacterial agents assisted algal
lipid extraction results

Solvents

Solvent to
algal
solution
ratio (w/w)

Pressure
(psig)

Time
under
pressure
(h)

Gas

Results

SDS

10%

120

1

CO2

Unsuccessful

SDS
Urea

30%
20%

120

1

CO2

Unsuccessful

SDS
Ethanol
Triclosan
SDS
Ethanol
Triclosan
SDS
Ethanol
Triclosan

20%
1%
0.1%
20%
1%
0.5%
20%
1%
1%

120

1

CO2

Unsuccessful

120

1

CO2

Unsuccessful

120

1

CO2

Unsuccessful

SDS
L-lactic acid

20%
2%

120

1

CO2

Unsuccessful

SDS
L-lactic acid

20%
5%

120

1

CO2

Unsuccessful
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Table 4.7 Pressure assisted lipid extraction results using cleaning liquids

Solvents

Solvent to
Time
algae
Pressure under
solution
(psig)
pressure
ratio (v/v)
(H)

Gas

Results

Ajax

1:5

120

1

CO2

Successful

DawnO

1:5

120

1

CO2

Unsuccessful

DawnA

1:5

120

1

CO2

Unsuccessful

DialV

1:5

120

1

CO2

Successful

DialA

1:5

120

1

CO2

Unsuccessful

Method

1:5

120

1

CO2

Unsuccessful

SunCitrus

1:5

120

1

CO2

Unsuccessful

SunLemon

1:5

120

1

CO2

Unsuccessful

Sunsations

1:5

120

1

CO2

Unsuccessful

PalmoliveA

1:5

120

1

CO2

Successful

PalmoliveB

1:5

120

1

CO2

Unsuccessful

PalmolivePC

1:5

120

1

CO2

Unsuccessful

ListerineA

1:5

120

1

CO2

Unsuccessful

Sparkleen

1:5

120

1

CO2

Unsuccessful

Note: Ajax dish liquid antibacterial (Ajax), Dawn original dish liquid (DawnO), Dawn
Ultra antibacterial apple blossom (DawnA), Dial vitamin boost body wash (DialV), Dial
antibacterial hand soap (DialA), Method fresh currant hand wash (Method), Sun
dishwashing liquid citrus energy oxy (SunCitrus), Sun dishwashing liquid lemon
(SunLemon), Sun Sations Dishwashing liquid apple orchard (Sunsations), Palmolive
Ultra antibacterial dish liquid (PalmoliveA), Palmolive baby ultra-concentrated dish
liquid (PalmoliveB), Palmolive pure +clear ultra-concentrated dish liquid (PalmolivePC),
Listerine original antiseptic (ListerineA)
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The ingredients of each cleaning liquid in Table 4.7 were identified and examined.
All the cleaning liquids were constructed in a similar way, which mainly include water,
surfactants, hydrotropes, preservatives, fragrances, and dyes.

The presence of

antibacterial agent in a cleaning liquid did not dictate the effectiveness of algal lipid
extraction. However while there isn’t a common active ingredient that differentiated the
effective cleaning liquid from the ineffective cleaning liquid, it was observed that all
cleaning liquids that were able to extract lipids from algal biomass were acidic solutions.
The pH value of all the cleaning liquids used in previous algal lipid extraction
experiments were determined with the results are shown in Table 4.8.

Table 4.8 pH value of cleaning liquids used in previous algal lipid extractions

Solvents

pH

Ajax dish liquid antibacterial

6

Dawn original dish liquid

7

Dawn Ultra antibacterial dish liquid apple blossom

9

Dial vitamin boost body wash

6

Dial antibacterial hand soap

7

Method fresh currant hand wash

7

Sun dishwashing liquid citrus energy oxy

7

Sun dishwashing liquid lemon

7

Sun Sations Dishwashing liquid apple orchard

7

Palmolive Ultra antibacterial dish liquid

4

Palmolive baby ultra-concentrated dish liquid

7

Palmolive pure +clear ultra-concentrated dish liquid

7
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The pH range for the production environment of cultured Nannochloropsis Salina
is typically between 7 and 7.5, and the pH value of the bulk diluted algal culture solution
before extraction was approximately 7. It is possible that the variation in the pH of the
algal culture solution causes disruption in algal cell wall; therefore, the effects of various
pH levels on algal lipid extraction were examined. As shown in Table 4.9, varying the
pH levels without the addition of SDS or adding SDS under basic conditions did not
extract lipids from algae. When a surfactant was used under acidic conditions with pH
levels as high as 6, algal lipids were successfully extracted from the algal cells. The
difference between algal lipid extractions with acidic pH levels only, neutral pH and SDS,
and acidic pH levels with SDS, are shown in Figure 4.4 (a), (b), and (c) respectively.
Considering the results shown in Figure 4.4, it is clear that acidic pH levels with SDS
Figure 4.4 (c) gave the best separation.

Table 4.9 Pressurized algae extraction with various pH levels

Solvents

Solvent to
algae
solution
ratio (w/w)

Time
Pressure under
(psig)
pressure
(h)

pH
level

None

-----

8

120

None

-----

9

None

-----

None

Gas

Results

1

CO2

Unsuccessful

120

1

CO2

Unsuccessful

6

120

1

CO2

Unsuccessful

-----

5

120

1

CO2

Unsuccessful

SDS

15%

8

120

1

CO2

Unsuccessful

SDS

15%

9

120

1

CO2

Unsuccessful

SDS
15%
6
120
Note: Sodium dodecylbenzenesulfonate (SDS)

1

CO2

Successful
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(a)

(b)

(c)

Figure 4.4 Comparison between algal lipid extraction with (a) acidic pH value only, (b)
neutral pH value and SDS, (c) acidic pH value with SDS

The active components of this algal lipid extraction process was finalize to
include an acid to disrupt algal cell walls, pressurized CO2 to further disrupt algal cell
walls, a surfactant to penetrate algal cell walls to attract to the algal lipids, and an organic
solvent to extract the lipids from the surfactant. This novel wet algal lipid extraction
technique is therefore named Acid, Surfactant, And Pressure Assisted Liquid-Liquid
Extraction (ASAPALLE).
4.3. Refining the ASAPALLE extraction method
The effects of surfactant concentration on the ASAPALLE extraction efficiency
and on surfactant migration rate from the aqueous phase to the organic phase in liquidliquid extraction were investigated. 1%, 2%, 5%, 10% and 15% (w/w) of SDS in water,
respectively, were used to perform ASAPALLE extraction. Gravimetric analysis was
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used to determine the weight of the algal lipid extracts as a function of the surfactant
concentration in organic phase. As shown in Figure 4.7, acid and SDS concentrations in
the organic phase increased as the surfactant concentration in the aqueous phase
increased, while the algal lipid yield remained fairly constant. A statistical analysis
showed that the increase in surfactant concentration above 1% (w/w) in water had
negligible effects in algal lipid yield. As previously mentioned water has solubility of 3.3%
in ethyl acetate (87), a simple calculation showed that it is very likely that all the acid and
SDS present in the organic phase was due to the dissolved water in ethyl acetate.

0.012
0.01
0.008
Weight (g)

Algal extract
0.006
Acid & SDS
0.004
Lipid yield

0.002
0
1%

2%

5%

10%

15%

-0.002
SDS concentration in water (w/w)

Figure 4.5 Gravimetrically measured algal extract, acid and sodium
dodecylbenzenesulfonate (SDS) extract and calculated algal lipid yield of ASAPALLE
extractions with various SDS concentrations, error bar corresponds to the standard
deviation of gravimetric measurements and calculations
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The effects of CO2 pressure on the ASAPALLE extraction were also studied. In
Figure 4.6, it can be inferred from the chromatic hue of the organic layer after
ASAPALLE extraction, mild algal lipid extraction can be achieved by vigorously mixing
Nannochloropsis Salina with citric acid and SDS. The algal lipid yield of ASAPALLE
extractions using various pressures were analyzed gravimetrically, the results are
presented in Figure 4.6. Moderate pressures have little to no effects on the effectiveness
of the extractions. However, algal lipid yield increased significantly, approximately 60%,
at 100 psig, while increasing the pressure to beyond 100 psig did not seem to improve the
extraction a significant amount.

(a)

(b)

Figure 4.6 Comparison of ASAPALLE extraction performed using (a) vigorous mixing
for 30 seconds and no pressure, and (b) pressurized CO2 at 100 psig
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0.003

Weight of algal extracts (g)

0.0025

0.002

0.0015

0.001

0.0005

0
0

25

60

100

120

Carbon dioxide Pressure (psig)

Figure 4.7 Gravimetrically measured algal extract yield of ASAPALLE extractions with
various CO2 pressures, error bar corresponds to the standard deviation of gravimetric
measurements

The effect of time under pressure at 100 psig of CO2 on the algal lipids yield in
ASAPALLE extraction was studied gravimetrically, the results are presented in figure 4.8.
Time under pressure beyond 5 second did not increase the algal lipid yield a significant
amount. Although 15 hours under pressure did increase algal lipid yield by 10%, it was
not significant enough to warrant the increase in extraction time by 10000 fold. Efficient
algal lipid extraction was achieved with time under 100 psig of CO2 as short as 5 seconds,
which was the amount of time needed to release the gas sampling bomb from the female
coupling on the CO2 gas cylinder and place it into the pressure release system.
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0.0030

weight of algal extract (g)

0.0025
0.0020
0.0015
0.0010
0.0005
0.0000
5 sec

1 min

1 hr

15 hrs

Time under 100 psig of carbon dioxide

Table 4.8 Gravimetrically measured algal extract yield of ASAPALLE extractions with
various durations under 100 psig of carbon dioxide, error bar corresponds to the standard
deviation of gravimetric measurements

The settling time for phase separation without the use of centrifuge after ethyl
acetate extraction was observed. After phase equilibrium was achieved by vigorously
shaking for 15 seconds, the glass vials were allowed to settle without disturbance until
the phases were separated. It was observed that at algal biomass concentration of 1.8 g/L,
it took 3-4 hours for the phases to separate while the algal debris aggregated at the
organic layer and aqueous layer interface. It took 10 additional hours for most the algal
debris to settled on the bottom of the aqueous layer.
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4.4. TLC analysis
TLC is one the simplest and most widely employed techniques in the analysis of
lipids. The lipid profile of the algal lipid extracts from the ASAPALLE extraction was
compared to that from the Soxhlet extraction via TLC. The TLC results in figure 4.9
show that SDS did not contribute to the Iodine stained spots from ASAPALLE extraction,
while ASAPALLE extraction produced spots with Rf values similar to those from the
Soxhlet extraction. Compare to the literature Rf values of algal lipid spots developed in
the same solvent system, the TLC results suggest that triglycerides were successfully
extracted by the ASAPALLE extraction method (92).

(a)

(b)

Figure 4.9 TLC profiles of (a) the lipids from the hexane Soxhlet extraction and the
ASAPALLE extraction eluted in chloroform/hexane/methanol (80/60/10, v/v/v), and (b)
1% SDS in water and the lipids from the ASAPALLE extraction eluted in hexane/diethyl
ether/acetic acid (70/30/1, v/v/v)
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4.5 Gravimetric analysis of lipid extraction yield
Previous reports on algal lipid extraction commonly used gravimetric analysis to
determine lipid extraction yield. Therefore, the extraction efficiency of both the Soxhlet
extraction with hexane and the ASAPALLE extraction were measured in terms of
gravimetric lipid yield. Significant inconsistency was experienced in gravimetrically
measuring the lipid yields from the ASAPALLE extraction when the bulk dilute algal
culture solution had algal biomass concentrations less than 2 g/L, therefore the lipid
yields measured in this section were experimented on bulk dilute algal culture solution
with concentration of 3.1 g/L.

The total lipid exaction yield of the ASAPALLE

technique ranged from 11.9% to 15.8% (w/w) of the total dry algal biomass with 14.3%
being the average. The lipid yield from this extraction technique is significantly better
than the hexane Soxhlet extraction method where it only achieved 7.9% of extraction
yield after 18 hours of reflux. The algal lipid yield from the ASAPALLE extraction
techniques compares favorably to 14.6% of total lipid content of Nannochloropsis Salina
determined by a modified Bligh-Dyer method.
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Table 4.10 Comparison of percentage algal lipid yield from the hexane Soxhlet
extraction and the ASAPALLE extraction

Replication I

Algal lipid yield
from Bligh and
Dyer extraction
(%)
14.7

Algal lipid yield
from the hexane
Soxhlet extraction
(%)
7.1

Algal lipid yield
from the
ASAPALLE
extraction (%)
11.9

Replication II
Replication III
Replication IV
Replication V
Average

13.4
15.6
14.9
14.2
14.6 ± 0.733

8.9
7.8
------7.9 ± 0.741

15.1
14.5
14.2
15.8
14.3 ± 1.32

4.6 Purposed mechanism of the ASAPALLE extraction
Usually the success of algal lipid extraction is governed by two main reactions,
cell wall disruption and mass transfer rate. In conventional methods, solvent extraction,
which is mainly responsible for the mass transfer rate, is usually used in combination
with another technique to increase cell wall disruption. For a solvent extraction process
to be effective in a dilute aqueous environment, water concentration in the algal biomass
solution must below the level, which the extraction solvent can overcome the polar
barrier formed by the water (62). A research on diffusion of tannin from vegetable cells
has found that diffusion of tannin only occurred when the solvent extraction was
performed with a solution with surface tension of 0.68 - 0.69 times that of water, while
no diffusion of tannin from inside the cell was observed when the solution had higher
surface tension. It was suggested that the surface tension value of the plasma membrane
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is the critical surface tension where diffusion would only occur when cells are surrounded
by fluids whose surface tension is lower than that of the plasma membrane (93).
A mechanism of ASAPALLE is purposed with a schematic drawing is shown in
Figure 4.6. Algal cell membrane has a bilayer, with the hydrophilic tail facing out and
the hydrophobic tails facing inward. Acid disrupts the algal cell wall while pressurized
CO2 further disrupts the structure of the cell wall and exposes the hydrophobic tails of the
algal cell membrane. The hydrophobic tails of the surfactants attach to the exposed
hydrophobic tails of algal cell wall and extend into the algal cell. The presence of
surfactants lowers the surface tension below the critical surface tension of algal cell
membrane and also attracts the intracellular algal lipids. The surface tension of 1% (w/w)
of a purified SDS in distilled water at 25oC is approximately 38 dynes/cm, which is 0.53
times that of water (94). The surfactants are more inclined to remain in the aqueous
phase; therefore, an organic solvent is needed to extract the lipids from the surfactant’s
hydrophobic tails. However, an organic solvent with extremely little or no solubility in
water is not likely to have the interactions with the surfactants needed for lipid
dissociation. Therefore, an organic solvent, which must have some solubility in water,
such as ethyl acetate or diethyl ether, was used to form lipid-solvent complexes with algal
lipids to facilitate the dissociation of lipids from the hydrophobic tails of the surfactant.
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Figure 4.10 The purposed mechanism of the ASAPALLE extraction
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4.7 Economics
The ASAPALLE extraction process was employed in the calculation of energy
input needed from algal culture solution to extracted lipids.
Even though ASAPALLE can be easily adapted as a continuous process using a
continuous stirred reactor, due to the lack of necessary data, such as algal CO2
consumption rate, in the economics study of this thesis the ASAPALLE extraction is
assumed to be a batch reaction. It is also assumed the headspace volume needed is 100%
of the working volume of the reaction bomb and the pressure requirements as well as
extraction duration do not increase for the scale up of the ASAPALLE. Assuming CO2
behaves as an ideal gas, the compression process is adiabatic and isentropic, and the
compressor has 85% efficiency one can derive Equation 4. This equation derived from
the ideal gas law was used to determine the amount of energy needed for ASAPALLE
extraction.

𝑊=

𝑘−1
𝑘∙𝑛∙𝑅∙𝑇1
𝑃2 ( 𝑘 )
−1]
( 𝑘−1 )[(𝑃 )
1

0.85

Where:
n is the number of moles of CO2
T1 is the temperature of CO2 before compression
k is the heat capacity ratio of CO2
R is the ideal gas constant
P1 is pressure of CO2 at standard atmosphere
P2 is the pressure of CO2 after compression.
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(4)

Assuming the algal culture has concentration of 1 g/L of dry algal biomass and
the unit power cost is $0.1/kWh, to extract lipids from 1 kg of algae (dry weight basis);
ASAPALLE would need 2.44 MJ of energy, which translate to $0.07. Table 4.11 shows
the energy and cost comparisons between the conventional extractions and the
ASAPALLE extraction. The energy and cost required for the ASAPALLE extraction is
significantly lower than that both conventional dry and wet algal lipid extraction
described in chapter 2.

Table 4.11 Energy and cost comparisons of the conventional extractions (dry and wet)
and the ASAPALLE extraction for 1 kg of algae (dry weight basis), assuming the algal
culture has concentration of 1 g/L of dry algal biomass and the unit power cost is
$0.1/kWh (78)

Algae culture
harvesting (MJ/kg)
Algae drying
(MJ/kg)
Lipid extraction
(MJ/kg)
Total energy
consumption (MJ/kg)
Total cost ($/kg)

Conventional
dry extraction

Conventional
wet extraction

ASAPALLE
extraction

1.3

1.3

----

15.4

----

----

1.5

3.7-9

2.44

18.2

5-10.3

2.44

0.51

0.14-0.29

0.07

The results from bench scale experiments demonstrated a viable and effective wet
algal lipid extraction process with low energy expenditure, provided a large step towards
creating biofuel from algae.
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CHAPTER 5
CONCLUSIONS

Conventional algal lipid extractions require multiple steps that are costly and
energy intensive. In this thesis research, multiple pressure based extraction methods were
investigated. Each study conducted increased the operational knowledge base, which
ultimately leads to the development of a novel wet algal lipid extraction technique,
ASAPALLE. The ASAPALLE extraction technique, with total extraction time of under
a minute, had algal lipid yield of 14.3% of the total dry weight of algae, Nannochloropsis
Salina. The lipid yield from this extraction technique is significantly better than the
hexane Soxhlet extraction method where it only achieved 7.9% of extraction yield after
18 hours of reflux. The total lipid content of Nannochloropsis Salina was determined to
be 14.6% of the total dry weight of algae biomass by a modified Bligh-Dyer method.
The energy expenditure of this extraction technique, as a batch process, is 2.44 MJ per 1
kg of dry algal biomass, assuming the algal culture has concentration of 1 g/L of algal
biomass. This technique is an appealing option for the production of algae based biofuel
because it is quick, energy efficient, easily scalable and requires no special equipment.
There are many aspects of the ASAPALLE extraction have to be investigated before it
can be operated economically on full scale, further study of this technique is still needed.
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CHAPTER 6
FUTURE STUDY

The work contained in this thesis is an exploratory endeavor into a new extraction
technique, leaving room for future work for further validation and improvement. The
lipid profile of the algal lipids extracted still need the confirmation of the well-established
standard algal biomass analytical method, where the extracted lipids are transesterified
and then analyzed by gas chromatography. Gravimetric lipid analysis has inherent errors,
where non fatty acid compounds such as proteins and pigment are also accounted as lipid
content (95). The organic solvent used in the ASAPALLE extraction has to be carefully
considered and further explored to be able to selectively target the desirable neutral lipids.
Pressure, pH level, concentration of surfactant, and mixing time used in the
ASAPALLE extraction needs to be further studied to determine the optimal operating
condition. Although surfactants have been used in lipase catalyzed oil transesterification
processes, the effects of SDS in the organic phase in a conventional transesterification of
the extracted algal lipid should be studied. Using immobilized surfactants on a high
density surface or particles should be explored to facilitate the recyclability of the
surfactants after extraction and minimize or eliminate lipid and water contamination. The
concept of using surfactants as aqueous-organic partitioning agent can be applied to other
algal lipid extraction techniques, where extraction time is the limiting factor.
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